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Oncogenic KRAS G12D mutation promotes
dimerization through a second,
phosphatidylserine–dependent interface: a model
for KRAS oligomerization†
Ki-Young Lee,a Masahiro Enomoto,a Teklab Gebregiworgis,a Geneviève M. C. GasmiSeabrook,a Mitsuhiko Ikura *ab and Christopher B. Marshall *a
KRAS forms transient dimers and higher-order multimers (nanoclusters) on the plasma membrane, which
drive MAPK signaling and cell proliferation. KRAS is a frequently mutated oncogene, and while it is well
known that the most prevalent mutation, G12D, impairs GTP hydrolysis, thereby increasing KRAS
activation, G12D has also been shown to enhance nanoclustering. Elucidating structures of dynamic
KRAS assemblies on a membrane has been challenging, thus we have reﬁned our NMR approach that
uses nanodiscs to study KRAS associated with membranes. We incorporated paramagnetic relaxation
enhancement (PRE) titrations and interface mutagenesis, which revealed that, in addition to the
symmetric ‘a–a’ dimerization interface shared with wild-type KRAS, the G12D mutant also self-associates
through an asymmetric ‘a–b’ interface. The ‘a–b’ association is dependent on the presence of
phosphatidylserine lipids, consistent with previous reports that this lipid promotes KRAS self-assembly on
the plasma membrane in cells. Experiments using engineered mutants to spoil each interface, together
with PRE probes attached to the membrane or free in solvent, suggest that dimerization through the
primary ‘a–a’ interface releases b interfaces from the membrane promoting formation of the secondary
‘a–b’ interaction, potentially initiating nanoclustering. In addition, the small molecule BI-2852 binds at
a b–b interface, stabilizing a new dimer conﬁguration that outcompetes native dimerization and blocks
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the eﬀector-binding site. Our data indicate that KRAS self-association involves a delicately balanced
conformational equilibrium between transient states, which is sensitive to disease-associated mutation
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and small molecule inhibitors. The methods developed here are applicable to biologically important
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transient interactions involving other membrane-associated proteins.

1

Introduction

RAS GTPases are peripheral membrane proteins that function
as binary molecular switches, cycling between an inactive GDPloaded state, and an active GTP-loaded state that stimulates
multiple eﬀectors to drive proliferative cell signaling pathways.1,2 KRAS is a RAS isoform of paramount clinical signicance since it is mutated in approximately 30% of all human
cancers, particularly pancreatic, colon, and lung cancers, and
mutants are implicated in resistance to current cancer therapies. Notably, the G12D mutant has been recognized as the
most common oncogenic mutant, occurring in a quarter of
KRAS-driven cancers.3,4
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Recently accumulating data support a new paradigm for
RAS signaling in which lateral segregation of wild-type or
mutant KRAS into transient dimers or higher-order multimers
(i.e., nanoclusters) at the plasma membrane is essential for
recruiting and activating downstream RAF kinases, to stimulate mitogen-activated protein kinase (MAPK) signaling and
cell proliferation.5–7 In particular, the predominant oligomeric
state of KRAS at physiological expression levels was found to
be a dimer,6 which is considered the basic unit capable of
promoting functional dimerization of RAF. This assembly
process has emerged as an additional layer of KRAS mutantmediated oncogenesis, in conjunction with the long-known
eﬀect of mutations that impair GTP hydrolysis and lock
KRAS in a constitutively active GTP-bound state. However,
despite the biological and pathological importance of KRAS
assembly, the mechanisms underlying the formation of
diﬀerent oligomeric states of KRAS remain unclear; it has been
proposed that higher order multimers assemble from dimeric
subunits.
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It is becoming increasingly clear that single-point mutations
of Gly12 modulate the conformational dynamics of KRAS8–10 as
well as the propensity for KRAS dimerization,11 suggesting
potential mutation-specic modes of dimerization and possible
diﬀerences between wild-type and mutant KRAS dimer structures. Various structures of RAS dimers have been predicted by
diﬀerent molecular dynamics (MD) models, which exhibit
isoform-specic diﬀerences between H-, N-, and K-RAS
dimers.12–16 Diﬀerent MD methods have also produced
distinct dimer models of the same isoforms. Further, the bound
nucleotide is known to inuence KRAS dimerization,11,14 and
the structures of wild-type KRAS homodimers in the GTP versus
GDP-bound states diﬀer.17
We previously established a system for NMR studies using
KRAS attached to a lipid bilayer nanodisc and a variety of
paramagnetic relaxation enhancement (PRE) spin labels (in
solution, or conjugated to either KRAS or lipid head groups) to
determine the structures of transient dimers of wild-type KRAS
on a membrane surface.17 Selective isotope labeling was used to
overcome broadening and overlap of NMR cross-peaks from
a >100 kDa KRAS-nanodisc complex. Nanodiscs provide
homogenous and stable native-like membrane fragments of
a size that enables NMR detection.18,19
Here, we have further developed these NMR methodologies,
and applied them to KRAS G12D, specically the KRAS4B splice
variant (henceforth referred to as KRAS), which is more ubiquitously expressed and extensively characterized relative to
KRAS4A. We previously showed that this oncogenic mutation
alters the orientational dynamics of monomeric KRAS on the
membrane,20 and others have demonstrated that it enhances
the formation of nanoclusters in cells.5 In the dimeric state of
KRAS–G12D, we observed PRE eﬀects that are not compatible
with the single dimer interface previously observed for wild-type
KRAS. To deconvolute the overall PRE, we performed paramagnetic NMR titrations and structural model-guided mutagenesis of the interface (a schematic of these experimental
approaches appears in Fig. S1†), which enabled us to identify
two distinct modes of dimerization for KRAS–G12D. These
include the specic, symmetric ‘a–a’ interface shared with wildtype KRAS, and a nonspecic, asymmetric ‘a–b’ interface that
was detected only in the G12D mutant. The presence of two
dimer interfaces could potentially promote the assembly of
KRAS G12D dimers into nanoclusters.

2 Results and discussion
2.1. Two distinct modes of dimerization of the oncogenic
KRAS–G12D mutant on the membrane
To explore the impact of the G12D mutation on the KRAS dimer
structure, we covalently conjugated the C-terminal Cys185
(which would be farnesylated in cells) to a maleimide moiety on
the head group of a lipid (PE-MCC). KRAS was conjugated to
pre-assembled nanodiscs containing 5% PE-MCC as well as
20% unsaturated phosphatidylserine (PS) to mimic the plasma
membrane composition that has been shown to promote KRAS
dimerization,21 and is similar to that used in previous KRAS
studies.17,20 The nanodisc comprises a lipid bilayer of diameter
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76 Å encircled by two membrane scaﬀold proteins (MSP1D1),
which can accommodate a maximum of two KRAS proteins
(36 Å each).22,23 To observe transient intermolecular interactions between KRAS–G12D molecules in the activated, GTPgS (a
non-hydrolyzable GTP analogue)-bound state, we employed PRE
(Fig. S2†). Maleimide-conjugated KRAS–G12D (MC-KRAS–
G12D) was isotopically 13C-labeled at single methyl groups of
Ile, Leu, and Val (ILV, Cd1, Cd and Cg, respectively), and the
amides of Lys were 15N-labeled (Fig. S3†). Methyls were chosen
for sensitive detection and Lys was chosen because it is abundant in the C-terminal membrane-anchoring hypervariable
region (HVR). These MC-KRAS–G12D nanodiscs were mixed
1 : 1 with fully processed, farnesylated KRAS–G12D (FP-KRAS–
G12D, also GTPgS-bound) engineered with single surfaceexposed cysteine residues (Cys1, Cys39, Cys118, or Cys169) for
attachment of a TEMPO ((2,2,6,6-tetramethylpiperidin-1-yl)oxyl)
spin label. Cys1 and Cys39 are in and near the b-sheet eﬀector
binding site (b interface), whereas Cys118 and Cys169 are on the
opposite side at the periphery of the a4–a5 region (a interface).
The ratios of cross peak intensities before and aer the spin
label was quenched by reduction (Ipara/Idia) were translated into
1
H transverse PRE rates (1H-G2) (ESI† and methods, eqn (1)). 1HG2 values of the ILV methyl and Lys amide probes of MC-KRAS–
G12D were plotted by residue (Fig. 1). The TEMPO spin labels at
Cys118 or Cys169 in the a interface of FP-KRAS–G12D induced
strong PRE (1H-G2 > 30 Hz) on probes in and near the a interface, as well as moderate PRE (10 Hz < 1H-G2 < 30 Hz) on probes
in the b interface. Spin-labeled Cys169 induced moderate PRE
on the polybasic HVR (K175–K179). Consistent with these
observations, spin labels conjugated to Cys1 or Cys39, in and
near the b interface, induced reciprocal moderate PRE on
probes in and near the a interface. Representative spectra with
peaks that exhibit diﬀerential PRE eﬀects induced by these spin
labels are shown in Fig. S4.† Mapping these paramagnetic
interactions onto an arbitrary model of a KRAS dimer
(comprising two subunits of a monomeric KRAS–G12D crystal
structure) (Fig. 1F–H), indicates that no single dimer model can
satisfy all the experimental data, but rather suggests that two
distinct interfaces exist. Based on the location of the PRE hotspots on the surface, we designated a primary ‘a–a’ interface
resembling that of the wild type,17 as well as a secondary ‘a–b’
(same as ‘b–a’) interface. With two dimer interfaces and asymmetric labeling, several possible molecular dimer congurations can be generated (Fig. 1E). The isotopically labeled MCKRAS–G12D a interface (a*, where * designates NMRobservable protein) can interact with the spin-labeled FPKRAS–G12D a or b interface to form a*–a or a*–b dimers. On
the other hand, the isotopically labeled b interface (b*) can form
a reciprocal b*–a dimer with the spin-labeled a interface. The
probability of occurrence of a*–b and b*–a dimers would be
expected to be equal. Note that no a–b PRE eﬀects were
observed in wild-type KRAS, which exhibited only an a–a dimer
interface.17 Importantly, the PRE prole induced by FP-KRAS–
G12D on MC-KRAS–G12D was fully consistent with the pattern
observed in an experiment performed exclusively with fully
processed KRAS (i.e., 13C ILVT-FP-KRAS–G12D plus Cys118TEMPO-FP-KRAS–G12D in the presence of nanodiscs) (Fig. S5†).
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Fig. 1 Intermolecular protein–protein PRE eﬀects between KRAS–G12D molecules on the membrane. (A–D) 1H-G2 PRE rates for ILV 13Cmethyls and Lys 15N-amides of MC-KRAS–G12D in the presence of FP-KRAS–G12D tagged with TEMPO at Cys118 (A), Cys169 (B), Cys1 (C), or
Cys39 (D). Probes are coloured according to the PRE exhibited; 1H-G2 values > 10 s 1 are moderate (yellow) and >30 s 1 are strong (red). PBR;
polybasic region (K175–K179). (E) Schematic of PRE eﬀects from spin labels attached to four sites on FP-KRAS–G12D on isotopically labelled MCKRAS–G12D (left panel). Solid and dotted lines represent strong and moderate PRE, respectively. The right panel shows the possible molecular
conﬁgurations of MC/FP KRAS–G12D dimers; green: isotopically labelled MC-KRAS–G12D; blue: spin labelled FP-KRAS–G12D. The isotopically
labeled interfaces exhibiting PRE eﬀects are indicated with an asterisk in each label. a*–b and b*–a dimers are equally likely to form. (F–H)
Mapping KRAS–G12D protein:protein PRE eﬀects. PRE-aﬀected probes at the a*–a (F), a*–b (G), or a–b* (H) dimer interfaces mapped onto the
crystal structure of GTPgS-bound KRAS–G12D (PDB ID: 4DSO) in an arbitrary dimerization model on a membrane containing 20% phosphatidylserine (PS) lipid. ILV 13C-methyl and Lys 15N-amide probes that exhibit moderate and strong PRE eﬀects are colored as in panels A–D. Dotted
lines represent the PRE eﬀects that arise from TEMPO conjugated to Cys118 (red), Cys169 (blue), Cys1 (cyan), or Cys39 (purple) in the opposing
protomer (arbitrarily positioned).

No intermolecular PRE was observed between FP-KRAS–G12D
molecules in the absence of nanodiscs, demonstrating that like
the wild type, KRAS–G12D dimerization is membrane dependent (Fig. S5A†). The MC-KRAS–G12D spectral changes upon
dimerization with unlabeled FP-KRAS–G12D were nearly identical to those induced by the TEMPO-labeled FP-KRAS–G12D
variants that had been quenched by reduction with vitamin C

© 2021 The Author(s). Published by the Royal Society of Chemistry

(i.e., PRE-inactive) (Fig. S6†), suggesting the TEMPO labels have
negligible impact on dimerization.
To compare site-specic binding aﬃnities for KRAS dimerization through the a–a and the a–b interfaces, 13C ILV-labeled
MC-KRAS–G12D was titrated with FP-KRAS–G12D bearing
a TEMPO spin label at Cys118 on the a interface. Due to the
complexity of the system, we made the assumption that the
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membrane association of free FP-KRAS–G12D molecules would
be followed by its rapid dimerization with MC-KRAS–G12D as
a result of the enhanced KRAS concentration on the highly
restricted bilayer surface. The presence of two KRAS molecules
on the 76 Å diameter nanodisc membrane corresponds to an
extremely high two-dimensional concentration of 44 000
molecules per mm2. Thus, these two sequential steps were
approximated by a single step by which FP-KRAS–G12D is in
equilibrium between solution and the membrane-bound
dimeric state.
We measured 1H-G2 PRE rates of probes in both the a and
b interfaces of MC-KRAS–G12D at each point of the titration
(Fig. 2 and S7†). PRE titration curves for probes on the a interface (i.e., a*–a) t well with a one-site specic binding model
with an average apparent KD of 141 mM, thus its dimerization
aﬃnity is 4-fold higher than wild-type KRAS.17 Notably, b2loop residues (44–46), located at the boundary between the
a and b interfaces, exhibit a titration pattern similar to the
a interface, thus this region is designated part of the a interface
in this study. Considering that Gly12 is away from the a interface, the G12D mutation may induce long-range changes in the
conformation or dynamics of the a interface that promote a–
a dimerization. In contrast to the a interface, titration curves for
the b interface do not t a specic binding model, rather they
are better tted by a nonspecic binding model in which 1H-G2

Edge Article
rates correlate linearly with the concentration of FP-KRAS–G12D
(total concentration minus the fraction calculated to adopt the
a–a dimeric state on the basis of the KD value for the a–
a interaction), with an average binding constant (i.e., slope) of
0.34 Hz mM 1. Note that the a–a and a–b dimers would be
mutually exclusive with the 2 : 1 stoichiometry of KRAS per
nanodisc surface22,23 used in this study. Potential cooperativity
of both interactions to form higher-order multimers remains to
be studied, but requires larger nanodiscs, and detection of NMR
signals from such a supramolecular complex is technically
challenging. The nanodisc-based PRE titration developed here
is a unique tool to detect residues involved in weak, nonspecic
but biologically important protein–protein interactions on the
membrane. The nonspecic a–b interaction between KRAS
protomers is implicated in formation of transient signalingcompetent nanoclusters (see the Section 2.7).
To determine whether wild-type KRAS can form an a–
b dimer in a more saturating condition, we performed PRE
experiments with Cys118-TEMPO-FP-KRAS–GTPgS at two-fold
excess over 13C-labeled MC-KRAS–GTPgS, but still no PRE
eﬀects were observed on the b interface (Fig. S8†). In addition,
a TEMPO spin label on Cys1 in the wild-type b interface did not
induce any PRE on the a interface, conrming that the G12D
mutation promotes a–b interaction and demonstrating that this
binding is not simply a result of co-localization of protomers on

Fig. 2 KRAS–G12D a–a dimers associate in a speciﬁc manner while a–b association is non-speciﬁc. (A) PRE rates of ILV 13C-methyl probes in the
a and b interfaces of MC-KRAS–G12D as a function of the concentration of FP-KRAS–G12D bearing a TEMPO spin label at Cys118 in the
a interface. (B–D) PRE rates obtained with three combinations of interface mutants of KRAS–G12D, as indicated. (E) Schematic of the molecular
conﬁgurations of the KRAS–G12D dimers favored by the interface mutants in panels B–D (a*–a, a*–b, or b*–a): green; isotopically labelled MCKRAS–G12D: blue; spin labelled FP-KRAS–G12D. The isotopically labeled interfaces exhibiting PRE eﬀects are indicated with an asterisk in each
label. (F) Relative aﬃnities for a–a and a–b interactions of KRAS–G12D and the engineered mutants indicated derived from data in panels A–D.
Relative aﬃnities (1/KD) are normalized to the interaction between MC-KRAS–G12D and FP-KRAS–G12D in panel A.
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a nanodisc. Wild-type and mutant KRAS exhibited similar PRE
patterns on their a interfaces, suggesting both KRAS constructs
share the a–a dimer interface, and the lower overall PRE in the
wild type is consistent with its lower aﬃnity for a–
a dimerization.17

that residues E168 and D38 are critical for the a–a and a–
b interactions, respectively. Single-point mutations at either the
a–a or a–b dimer interface are suﬃcient to reduce dimerization
through the corresponding interface while preserving the
alternate dimer species.

2.2. HADDOCK cluster analysis of KRAS–G12D dimers and
validation by interface mutagenesis

2.3. Membrane orientations of a–a and a–b dimers of
KRAS–G12D

PRE-derived restraints were used to determine dimer structures
in the HADDOCK 2.2 program. Since visual inspection of the
PRE eﬀects on KRAS illustrated that a single dimer structure
would not satisfy all the PRE-derived distance restraints, they
were converted into a set of ‘ambiguous’ restraints in
HADDOCK calculations. We used a total of 40 restraints (Table
S1†) to generate structural models and analyzed them using the
standard cluster analysis tool in HADDOCK. Not surprisingly,
the cluster analysis revealed two major distinct clusters of
structures (Fig. S9†), each of which satises a subset of
restraints. They are the symmetric a–a dimer (69%) and the
secondary asymmetric a–b dimer (28%). The G12D a–a dimer is
essentially identical to the wild-type KRAS dimer structure
previously reported using the same approach.17 However, the
co-existence of a secondary a–b dimer was unexpected and
raised further questions.
First, we sought to design interface-specic mutants to
disrupt either the a–a or a–b interface, thereby favouring
assembly of the alternate dimer. In the HADDOCK models, D38
in the b interface is exclusively involved in the a–b interaction,
while E168 in the a interface is exclusive to the a–a interaction.
To promote formation of each dimer conguration, we introduced the interface-specic mutations D38K or E168R into both
MC- and FP-KRAS–G12D. These mutant constructs were mixed
to prepare samples including (i) MC-KRAS–G12D/D38K and FPKRAS–G12D/D38K, (ii) MC-KRAS–G12D/D38K and FP-KRAS–
G12D/E168R, and (iii) MC-KRAS–G12D/E168R and FP-KRAS–
G12D/D38K, which are predicted to favour the a*–a, a*–b, and
b*–a dimers, respectively. PRE titrations were performed with
each pair of mutants using isotopically labeled MC-KRAS and
FP-KRAS with Cys118-TEMPO in the a interface. Compared to
intact MC- and FP-KRAS–G12D, these mutations selectively
reduced PRE eﬀects on the specic interfaces predicted (Fig. 2
and S7†). In sample (i), the D38K mutation reduced the PRE on
the b interface, and reduced the average binding constant 7 fold
(0.05 Hz mM 1), without aﬀecting the PRE on the a interface
(average KD 119 mM). In sample (ii), the combination of the
D38K and E168R mutations reduced the PRE on both the a and
b interfaces, with an average KD of 841 mM and an average
binding constant of 0.03 Hz mM 1. When the same two mutations were introduced into a pair of proteins with the reverse
labeling scheme (sample iii), the PRE on the a interface
decreased (KD 818 mM) while PRE for the b interface increased
(0.43 Hz mM 1). Collectively, in samples (i) and (ii), the D38K
mutation in the b interface of MC-KRAS–G12D reduced the PRE
induced by a–b dimerization, while in samples (ii) and (iii), the
PRE induced by a–a dimerization was reduced by E168R
mutations in the a interface. These observations demonstrate

To examine the orientation of MC-KRAS–G12D with respect to
the membrane, we employed complementary ‘solvent’ and
‘membrane’ PRE experiments using Gd–DTPA–BMA in the bulk
solvent and Gd3+-chelated head groups of PE-DTPA lipids in
nanodiscs, respectively, as previously described.17 In both
experiments, the 1H-G2 PRE rates were measured for ILV 13Cmethyls of MC-KRAS–G12D on nanodiscs (where it is almost
exclusively monomeric), and in the presence of an equal
amount of unlabeled FP-KRAS–G12D, which favours the
dimeric state of KRAS. In the monomeric state, relatively high
membrane-PRE was observed in the a interface (Fig. S10†),
consistent with our previous report that the KRAS–G12D
monomer favours an orientation in which the a4–a5 surface (ainterface) contacts the membrane while the eﬀector binding
site (b-interface) is exposed,20 whereas wild-type KRAS exhibits
the reverse preference.20 Van et al. recently reported membranePRE experiments using uniformly 15N-labeled wild-type FPKRAS, in which an orientational preference for the a and
b interfaces was not clearly observed.24 This may be related to (i)
the intrinsic lower sensitivity of 15N-amide protons relative to
13
C-methyl probes and/or (ii) less favorable association with the
smaller lipid surface of the nanodisc employed. MSP1D1-DH5
has a diameter of 63 Å whereas that of MSP1D1 used in the
current study is 76 Å. Note that the maximal length of the
KRAS surface would be 70 Å, if the intrinsically disordered
HVR (residues 172–185) assumes a fully elongated conformation. Membrane association of free FP-KRAS is much more
dynamic than our lipid-conjugated MC-KRAS, thus the population of membrane-associated FP-KRAS states would be lower
and may be below the level of detection.
Relative PRE changes upon dimerization were assessed by
calculating the 1H-G2 diﬀerence divided by the monomeric state
1
H-G2 (i.e., D1H-G2,di-mono/1H-G2,mono) (Fig. 3 and S11–S14†).
These experiments were also performed with the three combinations of the D38K and E168R mutations described above. It
should be noted that even in the presence of FP-KRAS–G12D,
PRE observations derive from a mixture of monomeric and
dimeric states in equilibrium.
According to the magnitude of the D1H-G2,di-mono/1H-G2,mono
ratios, MC-KRAS–G12D probes were classied into four groups:
(i) large PRE increases (ratio > 0.6), (ii) moderate PRE increases
(0.3 to 0.6), (iii) moderate PRE reductions ( 0.6 to 0.3), and
(iv) large PRE reductions (< 0.6). Our interpretation of these
dimerization-induced ratios follows: (a) PRE changes with
negative values for both the solvent and membrane PRE
represent a dimerization site, which thus has reduced accessibility to both the solvent and the membrane, (b) PRE changes
with positive values for the solvent PRE and negative values for

© 2021 The Author(s). Published by the Royal Society of Chemistry
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Fig. 3 Dimerization-induced changes in the solvent and membrane PRE (based on D1H-G2,di-mono/1H-G2,mono values in Fig. S14b†) for each
dimer state mapped onto the NMR-driven structure of the a–a (A) or a–b dimer (B) of KRAS–G12D on the membrane. Dimerization-induced
changes in proximity to the membrane are represented by red (closer) and blue (further) arrows. The side chains of key residues for each
dimerization interface are depicted. Switch I and II regions are colored red and yellow, respectively.

membrane PRE represent increased solvent accessibility of
a non-interacting site in the dimer away from the membrane,
whereas (c) PRE changes with negative solvent and positive
membrane PRE values represent sites of the dimer that face the
membrane, which shields them from solvent.
Upon addition of FP-KRAS–G12D, both the a and b interfaces
of MC-KRAS–G12D exhibited (a)-type PRE changes (Fig. S12–
S14†), consistent with the TEMPO-tagged protein-induced PRE
patterns, which showed that dimerization is mediated by the a–
a and a–b interfaces. The interface mutants further supported
this model. The presence of the D38K mutation on both protomers (i.e., condition (i), which disrupted b*–a and a*–
b dimers) induced (a)-type PRE changes on the a interface, (b)type for the b interface, and (c)-type for the a3-loop region. This
demonstrates that, like wild-type KRAS-GTPgS,17 a–a dimerization induces an orientation in which the b interface is exposed
and the a3-loop region is proximal to the membrane. The
combination of E168R with D38K* (condition (ii), which
inhibited both a*–a and b*–a dimerization) induced (a)-type
PRE changes on the a interface and (b)-type on the b interface
and a3-loop. When D38K was added to E168R* (condition (iii),
in which both a*–a and a*–b dimerization were impaired), the
(a)-type PRE change pattern was induced on the b interface
while the a interface and a3-loop exhibited (b)-type changes.
These observations demonstrate that a–b dimerization induces
an orientation in which the non-dimerizing a and b sites are
exposed to solvent away from the membrane. Dimerizationinduced changes in the membrane and solvent PRE for each
dimeric state are mapped onto membrane-bound KRAS–G12D
a–a and a–b dimers in Fig. 3.
2.4. NMR-driven structures of membrane-bound a–a and a–
b dimers of KRAS–G12D
Based on the two main structural clusters determined by
HADDOCK and specic versus nonspecic modes of dimerization, PRE-derived distance restraints were divided into two
distinct subsets to separately generate models of each dimer on
the membrane. Specically, probes that exhibit a distance of

12832 | Chem. Sci., 2021, 12, 12827–12837

<22 Å (PRE detection limit) from the corresponding TEMPOlabeled cysteine in the a–a or a–b cluster model (Table S1†)
were treated as ambiguous restraints and added to restraints
derived from the TEMPO-PRE titration and membrane PRE data
for each dimer state observed with the interface mutants in
samples (i), (ii), or (iii) (details in ESI Material and Methods†).
These restraints were used to generate 200 nal HADDOCK
models of each dimer on the membrane (Table S2†), each of
which formed a single cluster. For the 200 and 20 lowest
HADDOCK-score structures of the a–a dimer, the GTPase
domains (residues 1–172, excluding the HVR) superimpose very
well with average backbone RMSDs of 0.94  0.18 Å and 0.82 
0.15 Å, respectively, to the mean structures (Fig. S15†). The
RMSDs for the GTPase domains in the structures of the a–
b dimer were 1.62  0.55 Å and 1.34  0.47 Å, respectively
(Fig. S16†). In both models, lipid head groups of PS (acidic) and/
or PC (neutral, zwitterionic) on the membrane surface form
electrostatic interactions with the C-terminal HVR residues,
primarily the positively charged side chains of lysines (details in
Table S3 in the ESI†).
The a–a dimer interface of KRAS–G12D is nearly identical to
our previous wild-type KRAS–GTPgS structure (Fig. S15C†). Like
wild type, the specic a–a G12D dimer is stabilized by intermolecular interactions including (i) hydrogen bonds from Q131
to D154 and R161, and (ii) electrostatic interaction between
R135 and E168 (Table S4†). In contrast, the nonspecic a–
b dimer models exhibit a higher RMSD, and their interface
contacts are mainly electrostatic, including (i) D33 and R128, (ii)
D33 and R135, and (iii) D38 and R135. These observations are
consistent with the notion that electrostatic forces promote the
formation of nonspecic ‘encounter complexes’ in which the
precise orientation of the protomers is not well dened.25 The
higher RMSD of the a–b dimer model also reects the smaller
number of restraints obtained from this dynamic interface.
The mechanism by which the G12D mutation promotes a–
b dimerization remains unknown. We speculate that this may
involve (i) mutation-induced changes in the conformation or
dynamics of the b interface and/or the a interface,8–10 and (ii) the
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G12D mutation-induced shi of the monomer towards an
orientation in which the b interface is exposed.20 Gly12 mutations are known to induce changes in the b interface dynamics
that aﬀect its interactions.26 While a–b dimerization was not
detected for wild-type KRAS, it is possible that a small, undetectable population exists.
We believe that, along with the two distinct KRAS G12D
dimer congurations we detected on the membrane, other
conformational states likely co-exist. KRAS samples multiple
conformations involving monomer–dimer exchange and
multiple preferred membrane interfaces. To date the KRAS a–
b interface is unique to the G12D mutant on the membrane,
whereas crystalline states have captured snapshots of G12D
monomers (PDB IDs: 6GOF, 5USJ) and a distinct b–b dimer
(PDB ID: 6QUU).27 A recent crystal structure of KRAS Q61H (PDB
ID: 6MNX) also displayed an almost identical b–b interface in
the crystalline state.28 We believe that this dynamic nature of
KRAS is crucial for its biological function as a molecular switch,
and that disease-associated mutations could alter the conformational landscape of KRAS dimerization as well as membrane
association.

(Fig. S19†), consistent with protection of this surface by a–
a dimerization. At the same time, PRE on the b interface
increased, demonstrating that this surface becomes closer to
the membrane upon dimerization. Interestingly, this behaviour
is opposite to that obtained in the presence of PS (Fig. 3), suggesting that dimerization on a PS-containing membrane would
promote binding of eﬀectors to the exposed b interface of
KRAS–G12D.
Our membrane PRE data clearly demonstrate that PS is an
active participant in modulating the membrane orientations of
the KRAS monomer and dimer, as well as the dimerization
interface. These eﬀects of the lipid composition are likely
related to electrostatic interaction between the C-terminal polybasic region of KRAS and the anionic lipid head groups of PS
on the membrane surface. A broad spectrum of KRAS conformations may exist on the membrane and play roles in activating
relevant signaling events, which could be aﬀected by various
factors including membrane lipid constituents, oncogenic
mutations, nucleotide-binding, and post-translational modications of KRAS. These factors can be addressed using the
nanodisc system presented in this study.

2.5. KRAS–G12D a–b dimerization depends on
phosphatidylserine in the membrane

2.6. BI-2852 induces b–b dimerization of KRAS–G12D on the
membrane

KRAS nanoclustering has been reported to be enhanced by the
presence of PS,21,29 which is the most abundant anionic phospholipid in eukaryotic membranes and is asymmetrically
distributed in the inner leaet of the plasma membrane.30 Other
major membrane lipids including phosphocholines, phosphoethanolamines or phosphoinositides exhibited little impact
on the formation of KRAS nanoclusters.29 Molecular dynamics
(MD) simulations have demonstrated dynamic multiple orientations of KRAS alone or in complex with eﬀectors with respect
to a membrane surface, depending on the lipid
compositions.31–36
To probe the role of PS in KRAS–G12D dimerization on the
membrane, we performed TEMPO-PRE experiments with
nanodiscs lacking PS (100% phosphocholine, DOPC). Addition
of FP-KRAS–G12D bearing a TEMPO spin label at the a interface
(Cys118 or Cys169) induced PRE eﬀects in MC-KRAS–G12D
consistent with an ‘a–a’ mode of dimerization, however, no PRE
eﬀects were induced on the MC-KRAS–G12D b interface
(Fig. S17†). Consistently, we did not observe any PRE eﬀects
when the TEMPO spin label was attached to the b interface
(Cys39), indicating that KRAS–G12D does not form an ‘a–b’
dimer on a PS-decient membrane.
In membrane PRE experiments using Gd-conjugated lipid
without PS (100% DOPC), the nanodisc-bound MC-KRAS–G12D
monomer exhibited a higher Gd-induced PRE on the b-interface
relative to the a-interface (Fig. S18†), demonstrating that the
b interface becomes more occluded by a PS-free membrane, and
this trend is reversed in the presence of PS. It is possible that the
increased accessibility of the b interface on the PS membrane
promotes the ‘a–b’ dimerization as well as eﬀector binding.
Upon addition of FP-KRAS–G12D, the a interface in MC-KRAS–
G12D exhibited reduced PRE from the membrane lacking PS

The small molecule BI-2852 was recently developed as an
inhibitor of KRAS–G12D.37 The underlying mechanism-ofaction was inferred from a crystal structure of KRAS–G12D in
complex with BI-2852 (PDB ID: 6GJ8), revealing two inhibitor
molecules bound to the b interfaces of two KRAS protomers in
a manner that mediates b–b dimerization.38 This compoundstabilized dimer appears to be signaling-incompetent because
the eﬀector-binding site is buried in the dimeric interface.
However, the KRAS–G12D construct crystallized with the
compound lacks the C-terminal membrane anchor, thus it
remains unclear whether or how BI-2852 may impact KRAS–
G12D dimerization on a membrane. Therefore, we examined
the intermolecular PRE between nanodisc-tethered 13C ILVlabeled MC-KRAS–G12D and TEMPO-tagged FP-KRAS–G12D in
the presence and absence of BI-2852.
A TEMPO spin label was introduced on Cys1 (M1C) in the
b interface of FP-KRAS–G12D. In the absence of BI-2852, V45g
was the only probe on MC-KRAS–G12D that exhibited strong
PRE eﬀects, consistent with a–b dimerization (Fig. 4A). Addition
of BI-2852 induced strong intermolecular PRE eﬀects on several
probes centred on the b interface of MC-KRAS–G12D, consistent
with the crystal structure of the complex. In addition, BI-2852
binding caused chemical shi changes in and near the b interface (Fig. S20†). These data are consistent with BI-2852 acting as
a molecular ‘glue’ to promote b–b dimerization of KRAS–G12D
on a membrane.
We generated HADDOCK structures of a BI-2852-stabilized
b–b dimer using unambiguous restraints of probes that experience PRE (>10 Hz) from the Cys1 TEMPO spin label in the
presence of BI-2852 (Fig. 4B and S21, and Table S5†). The 200
lowest HADDOCK-score structures converged well and this
structure is nearly identical to the crystal structure38 (Table S6†),
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KRAS inhibitor BI-2852 induces KRAS–G12D dimerization through a b–b interface on the membrane surface. (A) Intermolecular 1H-G2
PRE rates for ILV 13C-methyls of MC-KRAS–G12D in the presence of equimolar FP-KRAS–G12D bearing a TEMPO spin label at Cys1 in the
b interface or Cys118 in the a interface before (black lines) and after addition of BI-2852 (red lines, KRAS–G12D : BI-2852 molar ratio 1 : 1). (B)
MC-KRAS–G12D probes exhibiting PRE eﬀects from Cys1-TEMPO-tagged FP-KRAS–G12D upon addition of BI-2852 mapped onto a NMRdriven structure of a BI-2852-stabilized KRAS–G12D b–b dimer. One protomer is depicted with ILV 13C-methyl probes coloured according to
PRE exhibited in red, yellow, and gray, representing strong (>30 s 1), moderate (>10 s 1), and negligible PRE, respectively. Two BI-2852 molecules
at the b–b dimer interface are shown in blue. In the opposing protomer, the Cys1 gamma position, the TEMPO conjugation site, is shown in
purple.
Fig. 4

indicating that the BI-2852-stabilized conformation of truncated KRAS–G12D in the crystal structure is preserved in the
membrane-bound full-length protein.
In contrast, the intermolecular PRE eﬀects on the a interface
of MC-KRAS–G12D from Cys1-TEMPO-tagged FP-KRAS–G12D
were substantially reduced by addition of BI-2852 (Fig. 4A),
demonstrating that the native a–b dimerization is outcompeted by the higher aﬃnity BI-2852-induced b–b dimer.
Likewise, PRE eﬀects on the a-interface of MC-KRAS–G12D from
TEMPO-tagged Cys118 were also lost upon addition of BI-2852,
demonstrating that stabilization of the b–b dimer by this
compound also outcompetes a–a dimerization of KRAS–G12D.
These observations are consistent with the much higher aﬃnity
of KRAS–G12D for BI-2852 (KD of 0.7 mM determined by ITC38),
relative to its dimerization aﬃnity (a–a KD 141 mM). The
methodologies presented here will be applicable to other
potential modulators of RAS dimerization, including small
molecules, biologics and endogenous proteins.

oligomeric states of KRAS–G12D on the membrane. Monomers
accumulate in regions enriched in unsaturated PS lipids.21
These clusters would predominantly form specic a–a dimers,
which then serve as seeds to assemble transient higher-order
species via nonspecic a–b encounter complexes (Fig. 5). The

2.7. Two dimer interfaces as a mechanism for KRAS–G12D
nanoclustering on the membrane
It has been argued that dimerization is required to assemble
higher-order multimers (i.e., nanoclusters), which increase the
eﬀective local RAS concentration to recruit and activate downstream eﬀectors. Transient signaling from such dynamic
complexes has been proposed to yield a switch-like response
that improves delity by reducing biological noises.39–41 We
further emphasize the signicance of two dynamic dimer
interfaces, which potentially enable assembly of diverse

12834 | Chem. Sci., 2021, 12, 12827–12837

Fig. 5 Proposed mechanism for self-assembly of oncogenic KRAS
G12D into dimers and nanoclusters on the membrane. Membranebound monomers diﬀuse in two dimensions on the membrane surface
to form dimers through a speciﬁc a–a or nonspeciﬁc a–b interface. a–
a dimers serve as seeds for the assembly of higher-order multimers
through interactions between their accessible b interfaces and free
a interfaces. The small molecule BI-2852 binds to the b interfaces of
KRAS–G12D and stabilizes a nonfunctional b–b dimer.
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a–b dimer does not appear to be a precursor of the nal specic
a–a dimer, since disruption of a–b dimers by mutation does not
inhibit a–a dimerization. It is apparent from our model that
a KRAS–G12D b interface occupied by a–b dimerization would
not be accessible for interaction with RAS eﬀectors or GTPaseactivating proteins (GAPs) (Fig. S22†). However, it is likely that
high-aﬃnity RAS eﬀectors would outcompete the weaker a–
b interactions. Previous reports suggest that recruitment and
activation of downstream RAF kinases are conned to RAS
nanoclusters.42,43 The transient a–b interaction may promote
the recruitment and dimerization of RAF by promoting nanoclustering.44 Loosely associated b-interfaces in nanoclusters
may be captured eﬀectively by RAF RAS binding domains
(RBDs) with fast association rates with the b-interface.45,46 This
process may be enhanced by the ‘y-casting’ mechanism
involving both (i) the long exible linkers (163 residues)
between the RAF RBD and kinase domain, and (ii) dynamic
transition of KRAS between membrane-distal and -proximal
states, which was recently characterized through a combination
of neutron reectivity, fast photochemical oxidation of proteins
(FPOP), NMR-PRE, and MD simulations.24
A recent cryo-EM structure of the autoinhibited state of BRAF
shows a 14-3-3 dimer bridging phosphorylated sites in
conserved region 2 and the C-terminus in a manner that
prevents dimerization of the kinase domain and sequesters the
CRD.47 KRAS binding to the RBD, which was not resolved in this
structure, leads to dephosphorylation of the N-terminal 14-3-3binding site. This disrupts the autoinhibitory conformation,
releasing the CRD and allowing formation of an active kinase
domain dimer, which is stabilized by 14-3-3 bridging the Cterminal phosphorylated sites of each protomer. Recruitment
of two adjacent RAF molecules by KRAS dimers or nanoclusters
at the membrane may synergistically stabilize a signalingcompetent KRAS–RAF hetero-tetramer that would propagate
mitogen-activated protein kinase (MAPK) signaling. An alternate mechanistic model is that this signaling complex is formed
by dimerization of preformed KRAS–RAF hetero-dimeric
complexes, as proposed in a recent report that the RAS–RBD
binding promotes ‘a–a’ dimerization of RAS on the membrane
by allosterically modulating this dimerization interface.48 These
MD simulations have revealed that formation of the RAS–RBD
hetero-tetramer is coupled with an increase in allosteric
connectivity between the galectin-binding sites of the RBDs on
the opposite ends of the complex, which is proposed to facilitate
binding to the galetin dimer and formation of a supramolecular
signaling platform consisting of RAS, RAF and galectin.48
Notably, these mechanistic scenarios for a signaling KRAS–RAF
complex may be aﬀected by relative stoichiometry of KRAS, RAF,
other eﬀectors, and upstream regulators (i.e., GEF and GAP),
which vary in many diﬀerent types and stages of normal or
KRAS mutant cancer cells. For instance, KRAS dimerization or
nanoclustering would be promoted by a higher abundance of
KRAS than RAF in cells, which was demonstrated to be the case
in a proteomics survey of the EGFR-MAPK pathway.49
These structural models raise several questions that remain
to be answered. For instance, how association with RAF may
impact the orientation of the monomeric and dimeric states of

© 2021 The Author(s). Published by the Royal Society of Chemistry
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KRAS–GTP on the membrane, whether the kinase domain
makes contact with the KRAS:RBD–CRD complex, how the Nterminal RBD/CRD region communicates with the C-terminal
kinase domain through a linker that is predicted to be
unstructured, and whether or not this linker region becomes
more ordered upon assembly of the heterotetrameric complex.
The proposed mechanism for KRAS nanocluster assembly
and its role in eﬀector activation remains to be further validated
using in vitro experimental setups that enable membraneassisted KRAS multimerization, as well as cell-based assays to
address the eﬀect of KRAS assembly in a biological context.

3 Conclusion
PRE-NMR is a uniquely powerful technique to dissect the
structural basis of the dynamic assembly of transient signaling
proteins on the biological membrane. In this work, we advanced
a nanodisc system by performing paramagnetic NMR titrations
and interface-specic mutagenesis to unveil two distinct modes
of dimerization of the oncogenic KRAS–G12D mutant on the
membrane. On the membrane surface, dimerization of both
wild-type KRAS and the G12D mutant is predominantly mediated by the a–a interface. However, KRAS G12D also exhibits
dimerization via the asymmetric a–b interface in a nonspecic
manner, which is dependent upon the presence of PS in the
membrane. This is in contrast to the b–b interface observed in
the crystal structure of the same mutant.27 Using our NMR
methodology, we also showed that the small molecule BI-2852
(ref. 37) stabilizes a b–b KRAS–G12D dimer in the membraneassociated state, shiing the conformational equilibrium
toward a non-functional state on the membrane. These data
clearly demonstrate that KRAS dimerization involves multiple
interfaces, and mutations and small-molecule binding can
signicantly alter the conformational landscape of KRAS on the
membrane. Our structural data provide mechanistic insight
into the self-association of membrane-bound KRAS–G12D,
which will aid in the design of new therapeutic strategies
specic for KRAS G12D mutant-driven cancers. Moreover, our
nanodisc-based assay provides a methodological platform to
study assembly of other membrane-bound GTPases and further
to screen for candidate inhibitors that disrupt this assembly.
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